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    Chapter 26   

 Solution Nuclear Magnetic Resonance Spectroscopy       

     James   J.   Chou       and    Remy   Sounier      

  Abstract 

 Solution nuclear magnetic resonance (NMR) spectroscopy has come a long way in characterizing the structure 
and function of biological molecules since the  fi rst one-dimensional spectrum of protein was recorded about 
30 years ago. To date (September 1, 2012), there are 9,521 solution NMR structures in the Protein Data 
Bank, compared to 74,009 determined by crystallographic methods. Unlike X-ray and electron microscopy 
(EM) methods, which are based on the concepts of Fourier optics and image reconstruction, structure deter-
mination by NMR involves measuring structural restraints and  fi nding structural solutions that satisfy the 
restraints. Although the NMR approach is much less direct in a physical sense, it has proven itself over the 
years to be capable of de novo structure determination at high precision. Moreover, the method is highly 
versatile and can be used in a variety of ways for addressing mechanistic questions. NMR measurements of 
protein internal dynamics and protein–protein or protein–ligand interaction are directly relevant to function 
in vivo because the molecules are often in physiological buffer conditions. The method can also be applied to 
investigate protein-folding intermediates, conformational changes, as well as intrinsically unfolded proteins. 
Recently, along with X-ray and EM, solution NMR has entered a state of rapid growth for structural studies 
of membrane proteins, already demonstrating its feasibility in de novo structure determination of membrane-
embedded ion channels and receptors. As the hardware advances rapidly, especially in cryogenic probes that 
have much higher sensitivity, the sample concentration required for solution NMR investigation is decreas-
ing, hopefully soon to a concentration level at which nonspeci fi c protein aggregation is no longer an issue. 
After three decades of improvement in spectrometer technology, NMR pulse experiments, isotope labeling 
schemes, and structure determination software, we believe that solution NMR will truly enter the production 
phase in the next decade to answer biological questions of high impact, and to become more versatile than 
ever in complementing X-ray and EM in investigating protein structure and function.  
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  After Bloch and Purcell  fi rst observed the resonance spectrum of 
paraf fi n in solid phase  (  1,   2  )  and water in liquid phase  (  1,   2  ) , 
liquid-state nuclear magnetic resonance (NMR) spectroscopy rapidly 
became an indispensable tool for characterizing small molecules in 
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chemistry laboratories, and is now universally used in structural 
characterization of larger biomolecules such as proteins and nucleic 
acids as well as their complexes. A timeline that brie fl y describes 
the milestones in biomolecular NMR is shown in Fig.  1 .  

 The obvious advantage of solution NMR is that biomolecules 
tumble freely in the more native aqueous environment, not having 
to form crystals. But the requirement for molecular tumbling in 
solution also happens to pose the major limitation of solution 
NMR. In NMR spectroscopy, the instruments generally excite spin 
½ nuclides and detect their chemical shift evolution, with proton 
spin being the most popular one owing to its natural abundance 
and large gyromagnetic ratio ( g ). For other biological atoms like 
carbon, nitrogen, and oxygen, the natural abundance of spin 
½ nuclides is extremely low and isotope labeling is usually required 
for them to be NMR visible. The nuclear spins all have magnetic 
dipole moments and can thus interact with each other when they 
are close in space. The interaction between a pair of dipole moments 
is measured as the dipolar coupling constant, which is proportional 
to 3cos 2   q   − 1, where   q   is the angle between the internuclear vector 
and the static magnetic  fi eld. When molecules are in solid phase, a 
spin experiences very strong dipolar couplings from others in the 
molecule (e.g., 0.1–50 kHz for  1 H), resulting in multiple levels of 
resonance splitting—the cause of low-resolution spectra of solids. 
These dipolar couplings, however, completely cancel out if the 
molecules in solution tumble fast enough. Proteins of average size 
(~40 kDa) reorient randomly on the nanosecond timescale, so fast 
that chemical-shift evolution, which occurs on the millisecond 

  Fig. 1.    A timeline summarizing the advances in NMR hardware, spectroscopic methods, and isotope labeling methods.       
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timescale, does not feel the dipolar interactions. Therefore NMR 
peaks of proteins in solution are sharp and generally have the perfect 
Lorentzian line-shape. Although dipolar coupling is averaged to 
zero on the timescale at which NMR peaks are recorded, the physi-
cal quantity of dipole–dipole interaction is still present and has a 
profound effect on the decay of spin coherence (generally described 
by the transverse relaxation rate  R  2 ). The coherence relaxes faster 
for larger or slower tumbling molecules, thus setting a theoreti-
cal size limit of molecules that can be studied by solution NMR. 

 It is dif fi cult to predict what exactly is the size limit because 
new methods are constantly being developed to push the size limit. 
For example, protein deuteration, or replacing the non-exchange-
able aliphatic protons with deuterium, can dramatically slow down 
the transverse relaxation because deuterium has a sixfold smaller 
dipole moment than a proton. Furthermore many relaxation-opti-
mized NMR experiments have been developed, such as the  1 H– 15 N 
TROSY HSQC  (  3  )  and the methyl  1 H– 13 C TROSY HMQC pulse 
schemes  (  4  ) . The size of proteins amenable to solution NMR has 
increased from 8 kDa in 1990 to 82 kDa today (Fig.  1 ), and few in 
the  fi eld 20 years ago could have predicted such rapid progress. In 
addition to the size limit, resonance complexity is also a serious 
problem. Typical chemical shift dispersion of a protein is about 6, 
30, and 20 ppm for  1 H N ,  15 N, and methyl  13 C, respectively. 
Increasing the number of peaks will inevitably result in greater 
resonance overlap that prohibits unambiguous assignment of pro-
tein resonances. 

 Structure determination by NMR uses an approach that is fun-
damentally different from that of diffraction methods such as X-ray 
and EM. Whereas the diffraction methods involve reconstructing 
images from diffraction data, NMR spectroscopy measures struc-
tural constraints (distances or angles) and  fi nds a structural solu-
tion that is consistent with those experimental constraints. 
Therefore, the accuracy and precision of NMR structures depend 
strongly on the number of unambiguous restraints that can be col-
lected for each residue. In general, the number of NMR restraints 
measurable for larger or more complex systems is smaller due to 
greater resonance overlap and lower spectral intensity, and thus 
precision (or resolution) is lower. The same is true for proteins that 
yield low-quality NMR spectra. Therefore, for proteins or nucleic 
acids that readily form well-diffracting crystals, it is usually more 
ef fi cient to determine the structure by X-ray or electron 
crystallography.  

  There are advantages of establishing an NMR system for a macro-
molecule even if its high-resolution structure has been determined 
by X-ray or electron crystallography, for further investigation of 
molecular interactions and dynamics. For example, once sequence-
speci fi c assignment of NMR resonances is achieved for a protein, it 
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is very convenient to investigate its interaction with ligands or 
other proteins. By comparing the chemical shift of the assigned 
protein resonances with and without the bound ligand, one can 
quickly map the binding site onto the protein of known structure. 
This technique is commonly known as the  chemical shift perturba-
tion  assay. Solution NMR can also be used to detect very weak 
interactions (with  K  D  ~ 1 mM), so weak that protein–protein or 
protein–ligand complexes cannot be isolated by gel  fi ltration for 
crystallization trials. In those cases of weak interaction, the binding 
site can still be mapped using methods such as the  saturation trans-
fer difference  method  (  5  ) , in which nuclear spin states of the ligand 
are selectively saturated while observing dipolar cross relaxation 
that affects the resonances of the protein. Alternatively, one can 
introduce a paramagnetic label to the ligand and measure para-
magnetic broadening of the protein resonances, or vice versa. 
These techniques are now routinely used for studying protein–pro-
tein and protein–ligand interactions  (  6–  8  ) . 

 Solution NMR is uniquely suited for characterizing the inter-
nal dynamics of a protein that is related to its function. Although 
high-resolution crystal structures also contain temperature factors 
that can be used to infer dynamics, an aspect of dynamics only 
visible to NMR is the timescale of protein internal motion. 
As described above, relaxation of NMR signals depends strongly 
on protein dynamics in solution. The dynamics are a combination 
of the overall molecular tumbling and the internal motion of 
the structural segments, and motions of various frequencies 
contribute differently to different types of relaxation processes. 
Longitudinal relaxation rate ( R  1 ) is the rate at which the excited 
spin-state population returns to Boltzmann equilibrium and is 
dominated by the fast motions (nanosecond timescale; e.g., the 
rotational correlation time of a 30 kDa globular protein at 25°C is 
around 25 ns). The transverse relaxation rate ( R  2 ) is the rate of 
dephasing of spin coherence and it is dominated by the slow 
motions.  R  2  also has a strong contribution from chemical exchange 
( R  ex ). If two conformational or chemical states have different 
chemical shift, exchange between them on a millisecond to micro-
second timescale usually leads to substantial dephasing of spin 
coherence, thus effectively increasing  R  2 . Since most protein func-
tional switches occur in this timescale, measurement of  R  ex  has 
become the most important aspect of dynamics studies by NMR. 

 One of the best examples of NMR dynamics measurements 
that led to answering important mechanistic question is the  R  1  and 
 R  2  measurement of calmodulin, a ubiquitous calcium (Ca 2+ ) sensor 
protein in cells. The crystal structure of Ca 2+ -bound calmodulin 
shows a dumbbell-like structure in which the N- and C-terminal 
Ca 2+ -binding domains are connected by a rigid helix (known as the 
central helix)  (  9  ) , but the structure of the Ca 2+ -calmodulin bound 
to the peptide from the smooth muscle myosin light-chain kinase 
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(smMLCK) shows that the central helix is a loop, and that the N- 
and C-domains come together to wrap around the smMLCK helix 
 (  10  ) . Dissolving the central helix to accommodate a ligand is an 
energy costly process and it was not clear why evolution selected 
such a mechanism. Measurement of  15 N  R  1  and  R  2  of Ca 2+ -
calmodulin showed that the central helix observed in the crystal is 
largely a  fl exible loop in solution  (  11  ) . Therefore, the rigid central 
helix in the crystal structure likely represents only a small popula-
tion of the conformer that was stabilized by crystal packing. More 
recently, NMR dynamics measurements of side-chain methyl 
groups have been demonstrated even for very large protein machin-
eries such as the 650 kDa 20S core-particle proteasome, which 
identi fi ed dynamic residues inside the antechamber that facilitate 
the movement of substrates to the sites of proteolysis  (  12  ) . The 
conventional  R  1 / R  2  measurement and analysis can only provide 
information on the very fast dynamics (nanosecond to picosec-
ond), but many proteins undergo conformational switching on the 
millisecond to microsecond timescale. Chemical or conformational 
exchange in this frequency range strongly affects chemical shift 
evolution of nuclear spins (known as exchange broadening of 
NMR resonances), and this effect has been utilized by spectrosco-
pists for extracting millisecond to microsecond internal dynamics 
of interesting protein systems. The exchange contribution to  R  2  
can be measured using the relaxation-compensated Carr–Purcell–
Meiboom–Gill (CPMG) experiment  (  13,   14  ) . A good example of 
this application is characterizing the rate of conformational switch-
ing of the enzyme cyclophilin A  (  15,   16  ) . In another interesting 
study, the CPMG method was used to observe the opening or 
“unlocking” of the channel gate during proton conduction by the 
M2 proton channel of in fl uenza virus at low pH  (  17  ) .   

 

  Distance restraints derived from the  1 H– 1 H nuclear overhauser 
effect (NOE) are the key restraints used in structural studies by 
solution NMR. The Overhauser effect was named after the physi-
cist Albert Overhauser, who showed theoretically that spin polar-
ization of electrons could be transferred to the nuclear spins via 
dipole–dipole cross relaxation through space  (  18  ) . This effect is 
the basis of the dynamic nuclear polarization (DNP) technology 
that aims to increase the sensitivity of NMR signals by passing the 
strong electron spin magnetic moment to nuclear spins  (  19–  21  ) . 
In solution NMR, the NOE is generally detected between differ-
ent  1 H nuclear spins in a molecule. After inverting two spin popu-
lations A and B so that they are away from equilibrium, the two 
spin populations do not relax toward equilibrium (governed by 

  2.  NMR Structural 
Restraints and 
Structure 
Determination
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 R  1 ) independently. If spins A and B are close in space, their mag-
netic dipoles interact with each other, giving rise to a cross relax-
ation term that transfers spin polarization between the two spin 
populations. This cross relaxation rate is dependent on the inter-
atomic distance ( r ), and is proportional to 1/ r  6 . The amount of 
NOE transfer depends on both the cross relaxation rate and the 
time of NOE mixing applied in the NMR experiment. Therefore, 
similar to the  fl uorescence resonance energy transfer (FRET), NOE 
is a very steep function of the distance. Using normal NOE mixing 
time (~100 ms), it is only detectable when two protons are within 
5 Å (Fig.  2a ). Using a long mixing time makes the NOE distance 
measurement less quantitative because other protons nearby can 
mediate spin diffusion. Longer distance NOE can however be 
achieved by selectively protonating two nuclear spin probes in an 
otherwise perdeuterated environment (because deuteration largely 
removes spin diffusion) (Fig.  2a ). This approach has been used to 
measure NOEs between protons that are separated by as much as 
12 Å  (  22  ) .  

  Fig. 2.    Schematic illustration of the key structural restraints derived from NMR measurements, including ( a ) inter-proton 
distances from NOEs, ( b ) backbone and side chain dihedral angles from 3-bond  J  couplings, ( c ) internuclear vector orienta-
tion from dipolar couplings, and ( d ) long-range distances from PREs       .
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 NOEs can be measured using a variety of multidimensional 
experiments. One of the most powerful NOE experiments in pro-
tein NMR spectroscopy is the 3D or 4D  15 N-edited NOESY used 
for selectively observing NOEs between backbone amide protons 
and between amide protons and aliphatic protons  (  23,   24  ) . Despite 
the upper bound of ~5 Å for conventional NOE detection, the distance 
restraints from this experiment are very effective in determining 
protein secondary structures. For example, in a  b -sheet, the inter-
strand H N –H N  and H N –H  a   distances are <4 Å and yield measurable 
NOEs. Within an extended  b  strand, there is also very strong NOE 
between H N  of residue  i  (H N   i  ) and H  a   of residue  i  − 1 (H  a   

 i −1 ) 
(~2.2 Å). The distances that give rise to characteristic NOEs in an 
 a  helix are between H N   i   and H  a   

 i −3 , and between H N   i   and H  a   
 i −1  (both 

at ~3.5 Å). Assigning tertiary distance restraints, e.g., those between 
two helices, is much more challenging. The inter-helical distances 
between backbone H N  and aliphatic protons are signi fi cantly longer 
and therefore it is usually necessary to assign NOEs between amino 
acid side chains such as the methyl and aromatic groups. For larger 
proteins, assignment of side chain resonances can be challenging 
due to higher spectral complexity. Table  1  lists the type of NOE 
restraints important in various types of protein structures.   

  Chemical shift, or the frequency at which nuclear spins evolve 
under local magnetic  fi eld, depends on the local electronic and 
structural environment of the molecule. A complete understand-
ing of how structure determines chemical shifts would in principle 
allow accurate prediction of macromolecular structures based on 
chemical shift values alone. In protein NMR spectroscopy, assign-
ing residue-speci fi c chemical shift of backbone  15 N,  13 C  a  ,  

13 C ¢ ,  13 C  b ,  
 1 H  a  , and  1 H N  is relatively straightforward, even for proteins as large 
as 82 kDa  (  25  ) . Thus the notion of structure determination using 
chemical shift values is highly attractive and has been intensely pur-
sued  (  26–  29  ) . Unfortunately, this approach is not yet feasible 
because the chemical shifts of backbone  1 H N ,  15 N, and  13 C ¢  are very 
sensitive to buffer conditions such as pH and ionic strength, and to 
structural factors such as hydrogen bonding geometry, hydration, 
and intrinsic dynamics of molecules. However, the chemical shifts 
of some nuclides, such as  13 C  a  ,  

13 C  b  , and  1 H  a  , are not so sensitive 
to the above factors, and are largely determined by the local struc-
ture. Statistical analysis showed that their chemical shifts departing 
from the random coil values are strongly correlated to backbone 
dihedral angles of known secondary structural elements  (  30,   31  ) . 
The empirical relation between chemical shift and backbone tor-
sion angle has been implemented in programs such as TALOS/
TALOS+  (  26,   32  )  and DANGLE  (  33  ) , which are widely used today 
in protein NMR for identifying regions of secondary structures. 
The procedure for assigning the secondary structure of proteins 

  2.2.  Dihedral Angles 
from Chemical Shift 
and Scalar Coupling 
Constants



502 J.J. Chou and R. Sounier 

based on chemical shift differences with respect to random coil 
values is generally known as Chemical Shift Index (CSI). 

 A more quantitative method of obtaining dihedral angles in 
NMR is measuring the 3-bond scalar coupling constants ( J ). The  J  
coupling is indirect dipole–dipole interaction between two nuclear 
spins that is mediated by the bonding electrons. For two atoms 
separated by three chemical bonds, the  J  coupling between them 
( 3  J ) is a function of the dihedral angle and is given by the Karplus 
relation  3  J  =  A  cos 2   j   +  B  cos  j   +  C , where   j   is the dihedral angle and 
 A ,  B , and  C  are constants (sometimes referred to as the Karplus 
parameters) (Fig.  2b ). The  A ,  B , and  C  constants have been char-
acterized for many different types of dihedral angles in proteins 
and nucleic acids; they are usually determined semi-empirically by 
 fi tting experimental  3  J  values to   j   in high-resolution crystal struc-
tures (reviewed in ref.  34  ) . 

 In the early days of protein NMR spectroscopy, the  3  J  between 
backbone  1 H N  and  1 H  a   ( 

3  J  HNH a  ) and between the backbone  1 H  a   
and the side chain  1 H  b   ( 

3  J  H a H b  ) were commonly measured for the   j   
and  c  1  dihedral restraints, respectively  (  35,   36  ) . Although these 
coupling constants could be conveniently measured for small pro-
teins with slow  R  2 , they are dif fi cult to obtain for larger proteins 
due to the requirement for a long lifetime of spin coherences in the 

   Table 1 
  Typical NOEs observed in structure determination   

 NOE restraints  Distance (Å)  Types of structure 

 H  N  i  –H  N  j    2.3   b -strand 

 H  N  i  –H   a   
j    3.2   b -strand 

 H   a   
i  –H   a   

j    3.2   b -strand 

 H N   i  –H N   i −1   2.8/4.3   a -helix/ b -strand 

 H N   i  –H N   i −2   4.2   a -helix 

 H N   i  –H  a   
 i −1   3.5/2.2   a -helix/ b -strand 

 H N   i  –H  a   
 i −2   4.4   a -helix 

 H N   i  –H  a   
 i −3   3.4   a -helix 

 H N   i  –H  a   
 i −4   4.2   a -helix 

 H N –H aromatic   1.8–6  Long-range 

 H N –H methyl   1.8–6  Long-range 

 H methyl –H methyl   1.8–12  Long-range 

 H methyl –H aromatic   1.8–6  Long-range 
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 J -coupling experiments. For larger proteins, the backbone   j   and   y   
are commonly estimated using the CSI method, whereas side chain 
 c  rotamers are extracted from  3  J  between heavy atoms with a favor-
able relaxation property. For example, the side chain  c  1  rotamers of 
Val, Ile, and Thr can be extracted from  3  J  C’C g   and  3  J  NC g   coupling 
constants  (  37,   38  ) . The  c  2  rotamers of Leu and Ile residues can be 
extracted from  3  J  C a C d   coupling constants  (  39  ) . These coupling con-
stants can be measured using the protein methyl groups as the 
NMR readout probes because methyl groups give strong signal 
and generally have slower  R  2  compared to other groups in the 
protein. For amino acids that do not have methyl groups at  g  or  d  
position,  3  J  NC g   couplings can be measured using deuterated pro-
teins using the backbone amide as the readout nuclide  (  40,   41  ) .  

  In a macromolecule marginally oriented in a magnetic  fi eld, 
measurable dipolar coupling between a pair of spin 1/2 nuclides 
encodes orientations of the internuclear vector connecting the two 
atoms  (  42  ) . The orientations are de fi ned relative to a common 
reference frame, known as the principal axes of the molecule’s 
alignment tensor     (  43  )  (Fig.  2c ). Hence, dipolar couplings provide 
the powerful global orientation restraints that had been absent in 
the traditional NOE-based structure determination. In solution 
NMR, dipolar interactions are essentially cancelled by random 
rotational diffusion of macromolecules on the nanosecond times-
cale, though there are a few isolated cases, e.g., paramyoglobin, in 
which the protein’s own susceptibility can give rise to a few Hz of 
 1 H– 15 N dipolar couplings  (  44  ) . Most proteins however do not 
have large enough magnetic susceptibility anisotropy to be prefer-
entially oriented by the magnetic  fi eld, and therefore must be 
forced to align by either physical interaction with large oriented 
particles or by fusion with a weakly aligned paramagnetic tag. 
The selection criteria in choosing an alignment medium are strin-
gent. It must be compatible with most biological molecules in 
water. It must be highly ordered in the magnetic  fi eld and must 
be large enough so that collisions with proteins do not alter its 
orientation. Finally, for introducing sizable dipolar couplings for 
structure determination without introducing too much  1 H– 1 H 
dipolar broadening of NMR resonances, macromolecules typically 
need to acquire an order parameter of ~10 –3  (equivalently, a mole-
cule is aligned for 0.1% of time). 

 About 10 years ago, it was  fi rst demonstrated for proteins that 
such order can be achieved in ~4–5 wt% DMPC/DHPC liquid 
crystalline medium, and that in the case of ubiquitin, optimal-sized 
 1 H– 15 N residual dipolar couplings (RDCs) of about ±20 Hz can be 
measured  (  45  ) . Over the past decade, spectroscopists have devel-
oped a number of different liquid crystalline media; each of them 
is suitable for aligning a particular type of proteins. These media 
include  fi lamentous phage virus particles that form liquid crystals 

  2.3.  Orientation 
Restraints from 
Residual Dipolar 
Couplings
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above a certain concentration  (  46,   47  ) , the ternary mixtures of 
cetylpyridinium chloride (CPCl) or bromide (CPBr), hexanol, and 
NaCl or NaBr in water  (  48,   49  ) , and the binary mixture of 
alkylpoly(ethylene glycol) and hexanol in water  (  50  ) . Among them, 
the rodlike  fi lamentous phage Pf1 is the most widely used because 
its uniform length and rigid assembly yield stable liquid crystal in 
concentration as low as 12 mg/ml. 

 Liquid crystals have delicate phase transitions and usually 
disintegrate under extreme sample conditions, such as high tem-
perature, low pH, and presence of anionic detergent. A method of 
weakly orienting biological molecules without the use of liquid 
crystals is Strain-induced Alignment in polyacrylamide Gel 
(SAG) in polyacrylamide    Gel (SAG)  (  51,   52  ) . The advantage of 
polyacrylamide gel is obvious because the chemically cross-linked 
polymers can withstand very harsh sample conditions. The SAG 
method has been successfully applied in studies where the above 
liquid crystals are not applicable. These studies include measuring 
RDCs for Staphylococcal Nuclease partially denatured in 8 M Urea 
for studying folding intermediates  (  53  )  and measuring RDCs of 
membrane-associated proteins in the presence of high concentra-
tions of detergent  (  54,   55  ) . However, a fundamental problem of 
the SAG method is that it is dif fi cult to soak high concentrations of 
protein into the gel because the gel pore size has a broad normal 
distribution. For larger protein–detergent or protein–protein com-
plexes, only a small fraction of the pores can accommodate the 
macromolecules without obstructing their rotational diffusion. It 
is therefore more challenging to collect high-quality RDCs using 
the SAG method. The problem of measuring RDCs for mem-
brane proteins is partially solved owing to the emergence of 
DNA-based liquid crystals that are resistant to detergents. One 
liquid crystal is formed with fabricated DNA nanotubes  (  56  ) . The 
other medium is the liquid crystal of G-Tetrad DNA  (  57  ) . 

 RDCs are extracted by subtracting  J  couplings acquired with 
the regular sample from the  J  +  D  couplings of the weakly aligned 
sample. These couplings are typically measured using  15 N-,  13 C-, 
and 85%  2 H-labeled protein for decreasing  15 N and  13 C  a    R  2  and for 
reducing adverse  1 H– 1 H dipolar interactions in the aligned sample. 
For medium-sized proteins smaller than 50 kDa, it is usually pos-
sible to acquire high-quality RDCs for backbone chemical bonds 
H N –N, C ¢ –C  a  , and C ¢ –N using the HNCO triple-resonance exper-
iments  (  58–  60  ) . Probably the biggest advantage of RDC restraints 
is that they are completely quantitative and unambiguous. Being 
quantitative means the one-bond RDC value has a clean mathe-
matical relation to the orientation of the chemical bond. RDC val-
ues are unambiguous because their assignment is based on the 
sequence-speci fi c assignment of backbone resonances, which is 
usually very reliable in modern protein NMR. Therefore, RDC 
values can be used as numerical data for structure determination, 
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similar to diffraction in X-ray crystallography. An active question is 
what is the most effective way to use RDCs in structure determina-
tion. Another shortcoming of RDCs is that they do not provide 
translational information of the corresponding chemical bonds and 
thus need to be used in combination with distance restraints for 
de novo structure determination.  

  A good complement to the short-range  1 H– 1 H NOEs is the long-
range distance restraint derived from paramagnetic relaxation 
enhancement (PRE) measurements  (  61  ) . Paramagnetic centers 
typically consist of one or more unpaired electrons, which have a 
very strong magnetic dipole moment. The interaction between the 
strong electron dipole and other nuclear spin dipoles in the mole-
cule can strongly affect the relaxation rates of the nuclear spin pop-
ulations. Similar to the rate of spin polarization transfer via NOE, 
the PRE of nuclear spin is proportional to 1/ r  6 , where  r  is the dis-
tance between the nuclear spin and the paramagnetic center 
(Fig.  2d ). The most commonly used paramagnetic labels in struc-
tural studies of proteins and nucleic acids are nitroxide compounds 
that have one unpaired electron. For proteins, the nitroxide com-
pound often used is  S -(2,2,5,5-tetramethyl-2,5-dihydro-1H-
pyrrol-3-yl)methyl methanesulfonothioate (MTSL), which can be 
attached at cysteine positions in the protein by reacting with the 
thiol group of cysteine. The protein should only have one cysteine 
at a time to ensure that PRE-derived restraints are unambiguous. 
Similar nitroxide compounds have been used for spin labeling of 
DNA and RNA. For example, the MTSL-like compound 3-Io-
domethyl-1-oxyl-2,2,5,5-tetramethylpyrroline can be attached to 
a phosphorothioate that is substituted at a speci fi c backbone posi-
tion during chemical synthesis of DNA or RNA  (  62  ) . 

 The strong electron magnetic dipole moment ( g  e  ~ 660 times 
that of  1 H) can broaden NMR line-width of nuclides much farther 
away (up to ~25 Å), but can also wipe out resonances of nuclides 
nearby (<12 Å). Therefore, the range of PRE-derived distances 
that can be quanti fi ed is 12–25 Å. Probably the biggest advantage 
of PRE over NOE, if the sequence-speci fi c resonance assignments 
are known, is that the measurement and analysis are both simple 
and unambiguous. PRE measurement typically involves measuring 
(using either 2D or 3D experiments)  1 H  R  2  +  R   2  

para   for  1 H reso-
nances that are broadened by a particular spin label and  1 H  R  2  after 
reducing the unpaired electron with ascorbic acid.  R   2  

para   is then 
used to derive distance restraints based on the known calibrations 
 (  61  ) . For resonances that are completely wiped out by the spin 
label, the distance is set to <12 Å. Therefore PRE restraints are 
unambiguous if the sequence-speci fi c resonance assignments are 
unambiguous. The weakness of PRE is also glaring. The nitroxide 
spin label is ~8 Å long and is  fl exible like the arginine side chain, 
and thus PRE restraints have very large uncertainty, typically ±5 Å. 

  2.4.  Long-Range 
Distance from 
Paramagnetic 
Relaxation 
Enhancement 
Measurements
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It is therefore not useful for determining local or secondary struc-
tures. Moreover, introducing an unnatural spin label could affect 
protein structure or function. Nonetheless, a large number of 
unambiguous PRE restraints can compensate for their low preci-
sion. With existing knowledge of the local structures from NOE 
and RDCs, PRE restraints are useful in providing a low-resolution 
global fold that can facilitate further NOE assignments. Another 
application of PRE mentioned above is mapping protein–protein 
or protein–ligand interactions that are too weak or complex to be 
measured by intermolecular NOEs. If the structures of two inter-
acting proteins were known, it would be easy to identify positions 
in the proteins for attaching spin labels.  

  The objective of structure calculation in NMR is to  fi nd structural 
solutions that are consistent with all experimental restraints while 
not violating the standard covalent geometry of protein or nucleic 
acid polymers. All NMR restraints have experimental uncertainties 
and are included in structure calculation as ranges of allowed val-
ues (e.g., lower and upper bounds). Some NMR restraints are 
even ambiguous. It is thus important to calculate an ensemble of 
structures to account for the errors and ambiguity in the restraints. 
A number of methods have been developed for this purpose. In the 
early days of protein NMR, when computers were not so powerful, 
algebraic methods such as Distance Geometry (DG) were used. 
The  fi rst step of the DG method is extrapolating, using geometric 
inequality limits, a complete set of lower and upper limits on all the 
interatomic distances from the sparse set of experimental distance 
restraints. The next step is to choose a random distance matrix 
from within the complete set of experimental and extrapolated dis-
tances, and  fi t a set of atomic coordinates to it using the EMBED 
algorithm. By repeating this procedure with different random dis-
tance matrices, one obtains an ensemble of conformations that is 
consistent with experimentally derived restraints. The  fi rst de novo 
structure determination by NMR was achieved using the DG 
method  (  63  ) . The advantage of the DG method is that it is rather 
deterministic. For example, in the EMBED algorithm, coordinates 
that are a best- fi t to the distance matrix are calculated by eigen-
value methods, completely avoiding the local minima problem. 
Probably the biggest weakness of the DG method is that the 
approach relies almost completely on distance restraints and thus is 
dif fi cult to be implemented to include other NMR data such as 
dipolar couplings, which encode bond orientation information, 
and chemical shifts, which encode dihedral angle information. 

 A more generally used structure calculation method is the 
restrained Molecular Dynamics (rMD) method  (  64,   65  ) . Although 
this method is more computationally intensive, it can be used to 
minimize variable target functions of any type and is thus readily 
applicable for re fi ning structures against different types of 

  2.5.  Structure 
Calculation



50726 Solution Nuclear Magnetic Resonance Spectroscopy

NMR-derived restraints. The Molecular Dynamics (MD) part of the 
method involves numerically solving Newton’s equations of motion 
for a many particle system in which the total potential energy is the 
sum of physical potentials (such as those for chemical bonds, angles, 
van der Waals, etc.) and pseudo potentials from experimental 
restraints (such as those for interatomic distances, dihedral angles, 
bond orientations, etc.). For macromolecules, the re fi nement 
energy landscape becomes very complicated, posing serious local 
minima problems. Therefore, the rMD calculation is done in com-
bination with simulated annealing (heating the system followed by 
gradual cooling), an effective procedure for “jumping” out of false 
local minima  (  66,   67  ) .   

 

 Structure determination of membrane proteins by solution NMR 
is still in the exploratory phase. In principle, the NMR protocols 
that have been established for water-soluble proteins should be 
directly applicable to membrane proteins. These protocols how-
ever need to be tailored to account for the fundamental physical 
chemical differences between membrane proteins and water-
soluble proteins and the imperative for use of a model membrane 
media. There are a number of issues that complicate solution 
NMR studies of membrane proteins. (1) Membrane proteins 
need to be solubilized in detergent micelles or detergent/lipid 
bicelles. We do not understand exactly how various types of deter-
gents assemble a micelle around membrane proteins and thus 
cannot predict the effective size of a protein–micelle complex. 
Furthermore, the presence of very high concentrations of deter-
gent requires methods to suppress NMR signals arising from the 
detergent. (2) Amino acid sequences of membrane proteins have 
been optimized in nature in the membrane environment, and thus 
it is unclear whether detergent micelles fully mimic the lateral lipid 
pressure that a protein experiences in a true membrane. For 
 a -helical membrane proteins, insuf fi cient lipid pressure in deter-
gent micelles could result in weaker helix–helix packing or 
increased internal “breathing” in solution. The internal dynamics 
would pose a problem for measuring long-range NOEs. (3) In 
general, membrane proteins contain many more methyl-bearing 
amino acids than water-soluble proteins. Moreover, most of the 
hydrophobic residues are exposed to the dynamic detergent, 
uncon fi ned to a unique chemical environment. These properties 
of membrane proteins result in a much smaller chemical shift dis-
persion of the methyl groups as compared to water-soluble pro-
teins (in which hydrophobic residues are strongly packed in the 
protein core). The poor chemical shift dispersion poses a big 
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 problem in assigning inter-helical NOEs, which typically requires 
unambiguous assignments of the methyl resonances. 

 Despite the above issues, individual laboratories have managed 
to solve new membrane protein structures by solution NMR in the 
past two decades, although these projects typically took longer 
than 4 years to complete. Figure  3  shows a number of membrane 
protein structures determined by solution NMR that had a high 
impact on the biological community, providing a rough assessment 
of the current capability of the technique. Although the number of 
structures solved is small, they cover a rather large range of mem-
brane protein fold space, including oligomeric helical, polytopic 
helical, and  b -barrel structures, with a substantial fraction of them 
revealing new structural features. The structures in Fig.  3  also span 
a wide range of sizes from 6 to 42 kDa. Therefore, the state-of-the-
art technology in solution NMR is already capable of generating 
high-resolution structures of small- to medium-sized membrane 
proteins. The challenge in the  fi eld is to increase the speed and 
accuracy of structure determination.  

 There is a good opportunity for solution NMR to immediately 
contribute to the overall structural database for membrane pro-
teins. Genomic analysis of the distribution of number of trans-
membrane helices (TMHs) in membrane protein families estimated 

  Fig. 3.    Representative membrane protein structures determined using solution NMR spectroscopy. Below each ribbon 
structure is the protein name, molecular weight, and PDB code. On a scale relative to protein, the hydrophobic and 
hydrophilic regions of the membrane are ~30 Å and ~15 Å thick       .
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that about 2/3 of the proteins span the membrane less than seven 
times  (  68  ) . Moreover, the number of crystal structures of mem-
brane proteins with less than 7 TMHs is roughly equal to those 
with greater than 7 TMHs, implying that crystallization of large 
and small proteins is equally challenging. The structures shown in 
Fig.  3  imply that it is possible to establish a robust solution NMR 
protocol for studying membrane proteins of sizes up to 50 kDa, 
which can cover the region of structural space up to 7 TMHs 
(assuming that the proteins are monomeric). Another motivation 
for establishing an NMR system for a membrane protein even if its 
crystal structure is available is that the system can be employed in 
studies to address function and mechanism (e.g., ligand binding of 
receptors or dynamics of ion transport). 

  Probably the biggest challenge in solution NMR of membrane pro-
teins is  fi nding a solubilization condition that both supports the 
native fold of the protein and yields workable NMR spectra. Because 
integral membrane proteins are hydrophobic in nature, it is usually 
dif fi cult to keep the proteins mono-dispersed in solution at concen-
trations higher than 0.5 mM—roughly the minimum concentration 
requirement for a full-scale NMR structure determination. 
Establishing an NMR system for membrane protein thus involves 
extensive screening of various detergents, lipids, and buffer condi-
tions. Detergent selection is usually not based on rationale, although 
empirically detergents with phospho-head groups work better than 
those with sugar-head groups. A rather simple view of the problem 
of membrane protein solubilization is to  fi nd a detergent or deter-
gent/lipid system that can form a tight micelle around the protein 
to prevent aggregation while still allowing the protein to tumble 
fast enough to yield good NMR spectrum. In general, detergents 
with a lower critical micelle concentration (c.m.c) are more stable. 
In some cases, doping the micelles with natural lipids could increase 
the overall stability of the protein–micelle complex. Introducing an 
anionic detergent to the micelles may reduce protein aggregation 
that is driven mainly by hydrophobic interactions. For example, 
LMPG (14:0 lyso phosphoglycerol) has become a popular deter-
gent for solution NMR studies of membrane proteins, probably 
because it has a very low c.m.c and is negatively charged. It is obvi-
ous that there will not be a universal detergent/lipid system that 
will solve all the problems. As we experiment more with various 
combinations of detergents and lipids, we believe that there will 
soon be an optimized set of detergent/lipid systems for solution 
NMR studies of membrane proteins. 

 Another challenge widely recognized by the NMR community 
is  fi nding suf fi ciently long-range NOEs for helical membrane pro-
teins. The amino acid distribution of membrane proteins is very 
different from that of water-soluble proteins. Large hydrophobic 
residues show no preference for the protein core, and in  b -barrels, 
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the preference is opposite to that of water-soluble proteins  (  69  ) . 
Therefore, the number of close methyl–methyl and methyl–
aromatic contacts (<5 Å) is much smaller than in water-soluble 
proteins. Instead, residues like alanine, glycines, prolines, serines, 
and threonines are often found in the helix–helix interface and the 
protein core. It would thus be important to develop new isotope 
labeling strategies for assigning NOEs based on these small amino 
acids. The dif fi culty in  fi nding long-range NOEs could also be due 
to dynamics. As mentioned above, membrane proteins in deter-
gent micelles may adopt increased internal “breathing” because 
detergent micelles do not fully exert the lateral lipid pressure that 
a protein experiences in true membrane. Since the NOE is propor-
tional to 1/ r  6 , internal motion of TMHs relative to each other can 
substantially reduce inter-helical NOEs while not having a 
signi fi cant effect on intra-helical NOEs. One way to compensate 
for the lack of tertiary NOEs is measuring PRE restraints and this 
approach has been successfully used in the structure determination 
of DAGK  (  70  )  and OmpA  (  71  ) . 

 Finally, structural investigation of membrane proteins in lipid 
bilayers has been a long-sought goal of structural biologists. Solid-
state NMR (ssNMR) spectroscopy has been the much-anticipated 
technique for reaching this goal. While the technology has been 
progressing rapidly in the past decade, its capability is still far from 
de novo structure determination at high resolution—there is not 
yet a single example of de novo structure determination of a mem-
brane protein at high resolution by ssNMR. The biggest problem 
of ssNMR is still poor spectral quality. Unlike in solution, the con-
formational inhomogeneity in the solid phase is not averaged out 
on the NMR timescale, giving rise to inhomogeneous peaks and 
low spectral resolution. Is solution NMR study of membrane pro-
teins in a lipid bilayer possible? One approach is to reconstitute the 
protein in bicelles, which is a disc of lipid bilayer surrounded by a 
ring of detergents. The ratio of lipid to detergent ( q ) determines 
the size of the bicelles  (  72  ) . Although at large  q  (>0.8) the lipid 
region of the bicelles is an excellent representation of the lipid 
bilayer, at smaller  q  (<0.5), the lipid bilayer is really a mixture of 
lipid and detergent. An intriguing alternative is the use of nano-
discs, which are self-assembled patches of lipid bilayer surrounded 
by a ring of amphipathic membrane scaffold protein such as apoli-
poprotein  (  73  ) . The advantage of the nanodisc system is that there 
is no detergent involved. The large size of nanodiscs (~150 kDa) 
has, in the past, discouraged NMR spectroscopists. This system, 
however, has recently been revisited and showed promising NMR 
spectra for medium-sized membrane proteins  (  74  ) . This result, 
though still preliminary, shows the potential of solution NMR to 
at least study membrane protein interactions in a true membrane 
environment.   
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  The history of progress in biomolecular NMR tells us that isotope 
labeling and NMR techniques must go hand in hand in order to 
push the envelope of the technology farther. In the last two 
decades, two isotope-labeling schemes have fundamentally 
changed modern protein NMR spectroscopy. One is deuteration 
as described above in Subheading  1 , which dramatically reduces 
 R  2  by reducing dipolar interactions from protons. The other is 
selective methyl group protonation in deuterated protein, which 
enables high-resolution methyl spectroscopy in large proteins  (  75, 
  76  ) . Growing  E. coli  in a deuterated medium can achieve protein 
deuteration  (  77  ) . Selective protonation of leucine, valine, and iso-
leucine methyl sites can be done by adding selectively protonated 
a-keto acid precursors to a perdeuterated medium  (  78  ) . This label-
ing scheme allowed full resonance assignment of a 723-residue 
single polypeptide protein, malate synthase G  (  79  ) . Recently, 
stereospeci fi c methyl labeling of valines and leucines has also been 
achieved  (  80  ) . In addition to the branched methyl-baring amino 
acids, new protocols for labeling methyl groups have been devel-
oped for other amino acids, including methionine  (  81,   82  )  and 
alanine  (  83,   84  ) . Moreover, the carbons of the protein backbone 
can be selectively labeled. For example, the metabolic precursors 
1,3- 13 C 2 -glycerol and 2- 13 C 1 -glycerol can be used to produce pro-
tein that is selectively isotopic enriched at C ¢ , C  a  , H  a  , and N posi-
tions, while the C  b   position is selectively  13 C depleted and the 
adjacent protons are deuterated. This labeling scheme allows 
recording of a spectrum with very high resolution in the  13 C  a   
dimension by removing the  13 C  a  – 13 C  b   coupling  (  85,   86  ) . Owing 
to the complete characterization of the major metabolic pathways 
of amino acid synthesis in  E. coli , it is possible to introduce various 
labeling strategies by adding isotope-labeled precursors and by 
manipulating components of the biosynthetic pathways. We antic-
ipate many more new labeling schemes to be introduced in the 
near future that would fundamentally overcome some of the limi-
tations in NMR spectroscopy of large proteins. 

 Another continuing development that would provide more 
labeling options is the cell-free expression of proteins. The open 
nature of the translation reactions allows the addition of many dif-
ferent compounds, such as protease and RNAse inhibitors, ligands, 
or chaperones, directly into the reaction. Owing to the lack of met-
abolic scrambling, amino acid type-speci fi c labeling is possible in 
almost any combination  (  87  ) . These methods are still very costly at 
present, but are expected to be increasingly affordable. 

 The above-described labeling schemes all selectively but uni-
formly label certain types of chemical groups in a polypeptide 
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chain. There is great interest however in methods that selectively 
label only one or more segments of a protein. The basic approach 
involves splitting a polypeptide chain, expressing and labeling it 
separately, and splicing. Two intein-based approaches, Expressed 
Protein Ligation (EPL) and Protein Trans-Splicing (PTS), have 
been employed to produce segmental labeled protein  (  88  ) . EPL is 
based on a reaction involving two protein fragments containing an 
 a -thioester at the C-terminus of the  fi rst fragment and an  a -cysteine 
at the N-terminus of the second fragment; a cysteine is required at 
the ligation site. EPL has been frequently used for segmental 
isotope labeling of proteins  (  89–  92  ) . In the PTS method, a par-
ticular intein is split into two fragments, which have no activity on 
their own. After mixing them together in solution, they become 
active and can perform a splicing reaction that results in the fused 
protein  (  93,   94  ) .  

  As in the case of X-ray and electron crystallography, advance in 
instrumentation has been one of the main driving forces in enhanc-
ing the capability of solution NMR spectroscopy. High  fi eld instru-
ments such as the 800 and 900 MHz NMR spectrometers are now 
common around the world, while construction of commercial 
1.3 GHz spectrometers is under way. It is important to note how-
ever that higher  fi eld magnet does not necessarily yield better NMR 
data. In general, spectra recorded at higher magnetic  fi eld have 
better sensitivity and resolution if the protein is rigid. But this is 
often not the case because many interesting proteins currently 
being studied undergo conformational exchanges in solution, in 
particular those having multiple physiological states. For these 
molecular systems, high  fi eld magnets could further amplify 
resonance broadening due to chemical shift exchange. What has 
fundamentally boosted NMR capability in the past decade is the 
use of cryogenic probes. These “cold” probes, in which the receiver 
coils are kept at ~30 K, can provide up to fourfold gains in the 
signal-to-noise ratio (S/N) under low ionic strength condition. 
The “cold” probe technology fundamentally changed the protein 
concentration requirement for NMR structure determination 
from > 1 mM to 0.5 mM. Since a large portion of the probe elec-
tronics in the current generation of the cryoprobe is still at room 
temperature, we are hopeful that another two- to threefold gains 
in S/N may be achieved in the near future. Such improvement 
would dramatically increase the applicability of solution NMR in 
studying membrane proteins because many membrane proteins 
can be made soluble to about 0.2 mM.  

  The powerful combination of rMD and SA has been the dominant 
tool for generating new NMR structures in the past two decades. 
Despite its great success, we should not neglect the fact that the 
MD/SA protocol is still subject to the local minima problem for 
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complex systems and thus potentially structure calculation artifacts. 
For example, the rmsd of an NMR ensemble can be affected by 
various parameters of the MD/SA procedure such as temperature, 
size of annealing steps, mass of atoms, and even mathematical 
properties of the target functions. As the computer processor speed 
is increasing rapidly, it is time for the NMR community to envision 
a new generation of structure calculation tools that exhaustively 
search for conformations that are consistent with experimental 
and/or knowledge-based restraints. The completeness of the 
search would ensure that structure calculation does not miss any 
native conformations, and assess the structural precision from data 
alone (complete data-driven structure determination). A compari-
son between a complete search method and MD/SA has been 
made for the homo-pentameric phospholamban protein, showing 
that rmsd of the structural ensemble obtained from a complete 
grid search is substantially larger  (  95  ) . The complete search method 
is, however, not yet practical due to the unrealistically long compu-
tation time required. 

 An alternate, more feasible approach is to exhaustively search-
ing the protein database for structural fragments that best  fi t 
experimental data, commonly known as the Molecular Fragment 
Replacement (MFR) method. The MFR method was  fi rst used 
in crystallography for building molecular fragments into low-
resolution crystallographic density  (  96  ) , and was subsequently 
applied in NMR to fragments that agree with RDCs  (  97  )  and 
other NMR data such as chemical shifts  (  98,   99  ) . Although in 
principle the MFR approach limits conformational space to what 
has already been observed, in practice this approach demonstrated 
to be very effective because (1) the Protein Data Bank is so large 
and diverse that its content is an excellent representation of the 
conformational space of proteins and nucleic acids in nature and 
(2) the method greatly reduces the search space such that it is 
computationally affordable. Furthermore, the database of crystal 
structures is expanding at a rapid pace and thus the MFR approach 
would only become more powerful with time. Our expanding 
knowledge of structure will increasingly facilitate de novo NMR 
structure determination. The same is true for cryo-EM, where 
computer algorithms that effectively utilize the knowledge from 
the existing structure database have been largely responsible for 
dramatically increasing the resolution of cryo-EM structures 
 (  100  ) . As solution NMR gradually collects structural restraints 
for larger proteins, there could be new opportunities for com-
bining the RDC/chemical shift MFR method with low-resolution 
EM density, that is, to  fi t NMR-derived fragments into EM 
density. The EM density, although at low resolution, solves a big 
problem for NMR—determining the global fold or shape of a 
molecule by NOE restraints.       
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